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Abstract 

Accurate mechanical measurements of cells has the potential to improve diagnostics, 

therapeutics and advance understanding of disease mechanisms, where high-resolution 

mechanical information can be measured by deforming individual cells. Here we evaluate 

recently developed techniques for measuring cell-scale stiffness properties; while many such 

techniques have been developed, much of the work examining single-cell stiffness is impacted 

by difficulties in standardization and comparability, giving rise to large variations in reported 

mechanical moduli. We highlight the role of underlying mechanical theories driving this 

variability, and note opportunities to develop novel mechanotyping devices and theoretical 

models that facilitate convenient and accurate mechanical characterisation. Moreover, many 

high-throughput approaches are confounded by factors including cell size, surface friction, 

natural population heterogeneity and convolution of elastic and viscous contributions to cell 

deformability. We nevertheless identify key approaches based on deformability cytometry as 

a promising direction for further development, where both high-throughput and accurate 

single-cell resolutions can be realized.  

  

Keywords: mechanotyping, high throughput, mechanobiology, cell mechanics, biomechanics, 

etc. 

Introduction 

Mechanotyping describes the characterization of cellular mechanical phenotypes. While 

technologies exist for measuring cell volume1 and mass properties,2 more recent work seeks to 

introduce single-cell stiffness as a mechanical biomarker.3 Such work has linked changes in 

cell stiffness to a range of pathological conditions including cancer development,4–8 diabetes 

mellitus,9,10 malarial infection,11–13 haemolytic disorders14–17 and age/lifestyle factors.9,18 In 

these contexts, stiffness-based cellular mechanotyping can be exploited to study disease 

mechanisms and responses to therapeutics6,14,19 or for diagnosis.20 Unlike many traditional cell 

analysis techniques such as fluorescence-activated cell sorting or histopathological tissue 

analysis, stiffness-based mechanotyping does not require biochemical labels, bringing benefits 

in simplified cell preparation and reduced labour.21 Additionally, mechanotyping yields 
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information that is not directly measurable via optical methods alone, permitting the analysis 

of biological processes that do not present visual markers.20 Recent developments in 

microfluidic techniques have enabled high-throughput mechanotyping approaches that are 

particularly useful for screening and diagnostic assessments.21–23 Such systems have 

demonstrated compatibility with liquid biopsies,6,13 and are less reliant on human interpretation 

than histopathological analysis.21 These characteristics support cell mechanotyping as a non-

invasive clinical screening tool, with decreased need for clinical expertise to interpret data and 

improved reliability. Mechanotyping advancements would accordingly benefit the treatment 

of diseases such as cancer, for which early-stage diagnosis is a critical factor in patient 

outcomes.22–24 

 

In typical mechanical analysis, stiffness measurements require the application of a known force 

and observation of the resulting sample deformation. Material stiffness may then be calculated 

by relating the force and displacement data using an appropriate theoretical model, which in 

the case of cells requires assumptions or approximations of the cell geometry and the 

mechanical probe or non-contact force field. In the case of single-cell mechanotyping, applying 

controlled forces on microscale objects presents a significant engineering challenge, due 

primarily to difficulties in the fabrication of mechanical systems at cellular length scales. 

Several approaches have been implemented that seek to apply forces on cells via mechanical 

probes, hydrodynamic/hydrostatic stresses, and magnetic, optical, electric or acoustic fields. 

One microscale technique for deforming cells adhered to substrates is indentation by 

microscale cantilever-mounted probes, including commercially available Atomic Force 

Microscopy (AFM) devices,6,18,25,26 parallel-plate devices and “cytoindenter” devices.27–29 

Another method for analysing adherent cells involves magnetic manipulation of ferromagnetic 

microparticles to apply twisting forces to the cell membrane.30–32 Meanwhile, a variety of 

mechanisms have also been applied to deform cells in fluid suspensions. Optical radiation 

pressure is widely used to stretch soft cells, both by displacing adhered microbeads14 and by 

exerting optical forces directly on the cell surface.5,7,33 A variety of micropipette34–36 and 

microfluidic devices37–39 can further apply deforming forces to cells via contact with 

constriction walls, or in some cases, by hydrodynamic fluid shear forces.40–43 Individual cells 

may also be trapped and stretched between a pair of electrodes by exploiting the 

dielectrophoretic interaction between the cell membrane and an electric field.44–48 Lastly, a 

developing range of microfluidic devices have applied deforming or displacing forces on 

suspended cells by exploiting the differential interaction between acoustic waves and cells or 

media. These “acoustofluidic” devices create time-averaged acoustic force fields around cells 

or lipid vesicles, either by exciting bulk resonance in microfluidic channels,49–51 or generating 

surface acoustic waves (SAWs) along the substrate surface.52 

 

Force and displacement data alone do not fully characterize sample stiffness, however, as the 

manner in which the force is applied and the sample’s material composition and shape, all of 

which are complex and nonuniform in cells, contribute to the result.35,53,54 Some 

mechanotyping approaches therefore do not yield absolute stiffness measurements, instead 

utilizing differences in observed deformation benchmarked against the population mean to 

study a cell sample.13,37–41,55 This approach has advantages of reduced computational expense 
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and generally enables high experimental throughput.40,56,57 The opportunity for translation of 

results between different laboratories, experimental setups or cell types, however, is limited 

due to the absence of well-characterized and standardised samples. Alternative methods, 

however, apply a theoretical mechanical model of a cell to experimental observations, allowing 

an absolute metric of cell stiffness to be estimated.6,25,27,31,34,58–63 While terminology relating to 

the mechanical properties of cells is sometimes applied inconsistently, the terms “stiffness” or 

“elasticity” are generally used when describing a calibrated stress-strain response, 

characterised by a mechanical modulus. Meanwhile, the term “deformability” is usually used 

where a theoretical model is not applied to experimental results and only a comparative 

measure of cell deformation is reported. For consistency, we follow this convention here. 

  

Determining a stiffness value from experimental data thus requires the application of an 

appropriate mathematical model that relates applied stress to resulting strain. The majority of 

studies reporting absolute cell stiffness values employ solid elastic6,25,31,64 or Newtonian liquid 

drop34,35 models to approximate cell behaviour. Solid elastic models are generally applied to 

stiff cells such as epithelial cells25 or chondrocytes,65 or where strains are otherwise 

comparatively small.35 In these cases, stiffness is quantified using elastic moduli (Young’s 

modulus E, shear Modulus G or bulk modulus K). Common solid elastic models include the 

Hertz model,66 widely used to approximate the probe-cell interaction in cantilever indentation 

mechanotyping, and the elastic half-space model that describes the partial aspiration of elastic 

cells.58 Soft cells, for example red blood cells or neutrophils, are instead often analysed using 

the Newtonian liquid drop model, in which the cell is treated as an incompressible liquid core 

surrounded by an infinitesimal membrane with tensile stiffness. Here dynamic cell stiffness is 

quantified using cortical tension (𝛽) and viscosity (μ).34,35 When applying more complex 

analyses such as viscoelastic61,67, power-law structural damping68–70 or non-Newtonian liquid 

drop71 models, additional material constants are required to capture cellular mechanical 

behaviour. For a more detailed evaluation of these models, the reader is encouraged to consult 

reviews by Lim et al.54 and Rajagopal et al.72 

 

Whereas previous reviews have examined the historical21 and clinical20 application of 

mechanotyping or focussed on specific subsets of mechanotyping technology,73,74 here we 

present a summary of state-of-the art single-cell mechanotyping technologies with emphasis 

on the fundamental physical process governing each device’s function, and the limitations 

associated with each approach. We further highlight the role of mathematical modelling in 

estimating intrinsic cellular properties, including cases where generalised or simplified theory 

limits the accuracy of results. In doing so we highlight developing approaches that combine 

low fabrication cost, microfluidic cell handling and the ability to modulate deforming 

forces,52,75 in addition to recent developments supporting the potential for machine learning to 

enhance characterization76–80 We also identify directions for future work to improve the 

throughput, data quality and reliability of single-cell mechanotyping measurements. 

Single-cell stiffness as a biomarker for disease  
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Cells experience a variety of mechanical forces from their environment due to intercellular 

adhesion, the extracellular matrix and hydrodynamic forces.81 The mechanical properties of 

cells play an important role in defining their function within healthy bodies and for a range of 

disease states.82,83 Conversely, changes to the cytoskeleton or cell membrane due to 

pathological factors result in altered shape and mechanical properties of individual cells. An 

example of this interplay occurs in red blood cells, which during normal function are round 

and highly deformable, enabling traversal through narrow constrictions in blood vessels. In 

sickle cell disease, however, an inherited genetic mutation results in the development of stiff 

fibres in the cytoskeleton, resulting in sickle-shaped red blood cells with increased rigidity.16 

These sickle-cells have poor deformability, limiting passage through capillaries and causing 

blockages in the vascular network, resulting in ischemia.15,16 Increased red blood cell stiffness 

has also been observed during malarial infection13,19 and in patients with diabetes mellitus9,10 

or a history of smoking.9 Similar relationships between pathological development and 

mechanical phenotype exist for a range of cell types and diseases. Reduced cell stiffness has 

been observed in metastatic cancer cells taken from lung, breast and pancreatic cancers, which 

are greater than 70% softer than healthy cells.84 Remmerbach et al. similarly found a 3.5-fold 

reduction in stiffness for oral squamous carcinoma cells compared to benign cells.7 This 

reduction in cellular stiffness may be a critical factor in the migration of tumours to new sites, 

as softer cells are better suited to traverse vessels during extravasation and intravasation.21,85–

87 A notable exception to this trend is in leukemia, where leukemic cells display higher stiffness 

than normal leukocytes. In this case, reduced deformability of tumour cells inhibits motility, 

which is suggested as a potential mechanism for leukostasis.26 

  

In some cases, mechanical alterations at the single-cell level occur with sufficient frequency to 

produce observable changes in large cell populations.13 Here approaches such as cell 

monolayer rheology88 can be used to measure bulk properties of multicellular samples. 

However, other disease events may be marked by cellular mechanical changes in only a small 

sub-population. Despite comprising only a small proportion of the population of a pleural or 

blood sample, for instance, the presence of metastatic cancer cells has dramatic consequences 

for diagnosis and treatment.89 Identification of these cells via stiffness measurements is 

possible using single-cell analysis,84 whereas in bulk measurements population heterogeneity 

and extracellular composition often mask changes in single-cell behaviour.20 Figure 1 

compares hypothetical single-cell and bulk mechanotyping results, showing the improved 

ability to identify an enhanced subpopulation when utilizing single-cell based approaches. 

  

By leveraging the relationship between mechanical properties and cell function, cell stiffness 

is therefore a useful tool in identifying unhealthy or otherwise diseased cells.21 This capability 

has extensive applications in pathophysiological research, where quantitative mechanical 

characterisation of these cells aids our understanding of disease mechanisms90–92 and the 

responses of these cells to new drug treatments.55,93 The ability to identify unhealthy cells 

rapidly and without biochemical markers also has significant implications for the potential of 

low-cost, non-invasive diagnostic screening procedures, where the onset of diseases such as 

cancer could be detected before physical symptoms present.20 
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Figure 1. Comparison of single-cell and bulk mechanotyping analyses for a healthy cell 

population (solid blue) and diseased/altered cell population (dashed red). The altered cell 

population is characterised by the increased presence of low-stiffness cells. This produces a 

trivial change to the bulk value (a) but is easily detectable in a distribution of single-cell results 

(b). 

  

Challenges 
Several factors impede the accurate extraction of mechanical data from cells in large 

populations. One of these is the microscale dimensions of the objects being analysed. 

Mechanical phenotyping inherently requires the exertion of forces and observation of 

displacements, both of which are more difficult to reliably perform at smaller scales. Due to 

the small size of cells, deforming forces are typically on the order of nanonewtons and 

deformations are on the order of microns or smaller.35 This necessitates high precision 

manipulation and observation apparatus, increasing the cost and complexity of mechanotyping 

systems. The general problem of calibration also challenges the accurate characterisation of 

elastic moduli due to the microscale dimensions of the required mechanical systems. Many 

standard approaches for calibrating load cells, i.e. with reference springs, cantilevers or 

calibrated masses, are impractical for cellular mechanotyping systems, particularly those using 

integrated microfluidic approaches for cell processing. Recently, a trend has emerged for using 

synthesised elastomer beads to calibrate the strength of deforming force fields.43,56,94 However 

as these are not widely available they are usually fabricated on a case-by-case basis with 

significant uncertainty in stiffness values. As well as these challenges, leading non-contact 

methods using optical, dielectrophoretic and acoustofluidic interactions rely on physical 

contrast between the cell and its surrounding medium to determine the strength of deforming 

forces. In these cases, the forces acting on cells depends on additional biophysical properties 

that are intrinsic to the cell (refractive index, electrical permittivity and acoustic impedance 
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respectively) and cannot be directly calibrated via comparison with synthesised samples. Due 

to these challenges, many high throughput systems assume generic literature values to estimate 

cell contrast, introducing significant uncertainty to the experimental load case. 

 

The intricate network of interactions between many structures and components inside the cell 

also impairs the translation of measurement data into meaningful conclusions.95 Subcellular 

organisation and interactions between the cell membrane, the three classes of cytoskeletal 

proteins, and additional cross-linking proteins all lead to nonlinear, viscoelastic, anisotropic 

and heterogeneous sub-cellular mechanical properties.54,72,96,97 The resulting mechanical 

properties can therefore differ substantially from the idealised models widely used to extract 

absolute, whole-cell scale stiffness values from mechanotyping measurements. The linear 

elastic Hertz model, widely used to calculate Young’s modulus values from AFM 

measurements, is accordingly valid only for small deformations98 and becomes increasingly 

inaccurate when probing away from the cell centre.53 The elastic half-space model is also valid 

only for small deformations where the protruding section of the cell is approximately 

hemispherical during micropipette aspiration.35 Micropipette aspiration studies have also 

demonstrated variation in apparent viscosity and membrane elasticity with aspiration pressure 

when modelling cells as liquid drops,99,100 suggesting that simple liquid drop models with 

Newtonian fluid properties and linear elastic membrane stiffness do not fully capture cell 

stiffness behaviour. These theoretical models are discussed and compared in a later section. 

 

The large variability of cellular mechanical stiffness values reported in literature can be 

attributed in part to the discrepancies between simplified analytical models and actual cell 

composition.95 Complex cell structure may lead to different output stiffness measurements 

under different loading conditions (Fig. 2), highlighting the importance of producing multiple 

points of measurement across different loading conditions, as well as the utilization of models 

that can capture complex, non-linear stress-strain curves. Material nonlinearity produces 

conflicting measurements of Young’s modulus at different strain magnitudes, for instance, 

when modelled solely in the linear elastic regime (Fig. 2a). This results from strain-softening 

or strain-hardening behaviour in the material and geometric considerations from the probe 

interface, yielding nonlinearity when probed at varying length scales and large strain 

magnitudes (Fig. 2b). These changes in the cell and cell-probe contact area are neglected by 

small-strain models such as the Hertz model. Internal and external asymmetry may also 

produce variation in reported stiffness with differences in orientation (Fig. 2c). Without 

standardised experimental loading conditions, these factors produce significant variability in 

stiffness results when applying idealised theory to model cell stiffness measurements.95 

  



7 
 

Figure 2. Schematic representations of complex cell stiffness properties across different 

loading conditions. (a) Example stress/strain graph showing three different elastic moduli 

extracted from a single nonlinear curve. (b) Alternative deformation modes under loading at 

different length scales due non-homogeneous internal structure and geometric nonlinearity. (c) 

Contrasting stiffness behaviour measured in different directions due to anisotropic makeup. 

  

Population heterogeneity within cell samples is particularly confounding for mechanotyping 

applications where known mechanical biomarkers are comparatively rare. In small samples, 

the presence of a subpopulation with altered mechanical properties may be masked by natural 

variations in cell stiffness. This is especially detrimental for clinical mechanotyping 

applications such as the screening of tumour cells, where a metastatic subpopulation of interest 

may only comprise a small proportion of the sample.89 The use of large sample sizes is therefore 

crucial in minimising the influence of population heterogeneity, as this enables small 

subpopulations to be identified from a distribution with improved statistical significance.97 

Consequently, mechanotyping systems capable of processing cell samples at high throughputs 

are ideal for clinical use.20,21 

Single-cell mechanotyping techniques 

Existing techniques for the mechanical characterisation of individual cells use a range of 

approaches for cell handling and mechanical probing. Broadly, these can be classified into two 

groups, namely devices that analyse cells adhered to substrates (Fig. 3a-c) and those in which 

cells are processed in a fluid suspension (Fig. 3d-i). These techniques are described and 

evaluated in the following sections. 
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Figure 3. Schematic representations of (a-c) substrate-based and (d-k) suspension-based 

mechanotyping techniques. 

Mechanotyping cells adhered to substrates 

Cantilever Indentation 

A method for accurately probing mechanophenotype on substrate-bound cells employs flexible 

cantilevers to deform cells and infer contact forces. These devices incorporate four 

fundamental components, namely a stiff substrate, a flexible cantilever and an actuation system 

permitting precise displacement of the cantilever base, and a sensor for the measurement of 

cantilever deflection. Cells adhered to the substrate are compressed by a probe mounted at the 

cantilever tip, causing both a local deformation in the cell and deflection of the cantilever. 

Meanwhile, measurements of cantilever deflection and base displacement enable calculation 

of indentation depth and force, which together reveal cell stiffness properties. Due to their 

technological maturity, commercially available Atomic Force Microscope (AFM) devices are 

widely used to probe cells in this manner.6,8,9,101–103 A range of cell-specific cantilever 

indentation devices have also been developed, offering flexibility in the magnitude and 

geometry of the probing force.27–29,95,104 AFM is also capable of achieving topographical 

measurements of features down to atomic scales for mechanical samples,105 where the 
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remarkable precision of AFM technology is due in part to advanced cantilever deflection 

tracking mechanisms, which generally use laser deflection or electron tunnelling systems to 

detect small displacements.106 Using cantilever stiffnesses on the order of the sample stiffness 

enables precise stiffness data to be extracted from across the exposed area of the cell. Cell 

mechanotyping-focused devices operating on AFM principles have also been developed, 

largely motivated by the desire for reduced apparatus cost and increased flexibility in probe 

geometries and deforming force magnitudes. Examples of these devices include cylindrical 

“cytoindenter”27–29 (Fig. 4a) and parallel-plate95,104 devices, which are often preferred for 

studying fragile cells due to their increased contact area.107 To date, however, these devices 

have only been implemented with microscope-based cantilever deflection measurements, and 

thus offer lower measurement resolution than commercial, materials-focused AFM devices.  

 

Cantilever-based mechanotyping has been widely implemented in biomedical applications as 

a means of mechanically probing cells, particularly in relation to the identification and 

characterisation of cancer cells.6,8,25,84,101,102,108 Figure 4 (b) shows an ovarian cancer cell 

undergoing AFM indentation analysis. Mechanotyping using cantilever indentation generally 

has shown reduced Young’s modulus with increasing malignancy and metastatic 

potential.6,8,102,109 A notable exception to this trend is leukaemia, with mature leukocytes being 

stiffer than immature ones.26 Cantilever-based cellular mechanotyping also has broader 

research implications outside of cancer analysis. The ability to vary probing force in real time 

enables highly detailed mechanical analysis of cellular properties, including the extraction of 

complex force-displacement curves.64,103,109,110 Meanwhile, the use of different tip geometries 

allows stiffness to be probed at different length scales.109 Dynamic and frequency-based AFM 

studies have also probed the viscoelastic behaviour of alveolar and bronchial epithelial cells25 

and mouse fibroblasts.103,110,111 Collectively, such cantilever-based force/displacement data 

have informed numerous mechanical models of living cells.64,72,98 

  

Automation and throughput, however, remain significant challenges for cantilever 

mechanotyping, limiting its application to small cell populations.20,21 Attempts to automate 

probing positions across multiple cells have achieved throughputs of approximately 20 cells 

per minute, at which point the measurement rate is primarily limited by the indentation 

process.112 While this presents a substantial improvement over manual AFM indentation, 

higher measurement rates are still desired for practical measurement of large cell samples.21 

Other efforts to improve the practical throughput of AFM-based mechanotyping include 

simultaneous indentation measurements using an array of AFM probes.113 Due to difficulties 

in accurately positioning cells on a substrate, however, this method is more suitable for 

scanning measurements than for static indentation of cells, and thus has not meaningfully 

improved the throughput of AFM stiffness measurements. 

  

Another challenge for cantilever-based mechanotyping is the isolation of cell properties from 

external stimuli. It is known that substrate stiffness influences stiffness measurements of 

adherent cells,114–119 especially as the probe moves away from the cell centre.53 Other 

confounding factors include the influence of focal adhesions,53 ECM97 and variation in probe 

tip geometry,95 all of which can skew mechanical moduli results obtained via the prevalent 
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Hertz model.66 This, consequently, impedes the extraction of generalised stiffness values that 

provide comparable results with other techniques. Recent work has sought to improve the 

scalability of cantilever indentation to analysis of free-floating cells. One method to achieve 

this involves the addition of microwells in the substrate to trap cells from continuous flow.26 

Commercially-available fluidFM devices, meanwhile, integrate a negative-pressure capillary 

in the probe to reversibly adhere free-floating cells to the probe prior to indentation.120 Both of 

these approaches eliminate the influence of substrate adhesion on measured stiffness. However, 

they do not significantly impact the achievable throughput of cantilever indentation 

mechanotyping. 

  

 
Figure 4. (a) Single MG63 cell compressed under a cytoindenter device consisting of a 

cantilevered carbon filament and 5 um diameter cylindrical glass probe. Adapted with 

permission from Shin & Athanasiou (Copyright © 1999 Orthopaedic Research Society).121 (b) 

Top view of an ovarian cancer cell under AFM measurement. Adapted from Xu et al.102 under 

CC BY 2.0 license (Copyright © 2012 Xu et al.). (c) Scanning electron micrograph of a cell 

with an adhered magnetic bead for MTC analysis. Adapted with permission from Fabry et al. 

(Copyright © 2003 American Physical Society).69 (d) Scanning acoustic micrograph of an 

adherent cell showing acoustic impedance gradients in the subcellular structure. Regions of 

high motility appear as comparatively light on the acoustic image, while the trailing features 

appear darker, corresponding to an increased stiffness-density product. Adapted with 

permission from Hildebrand et al. (Copyright © 1981 Hildebrand et al.).122 

https://doi.org/10.1103/PhysRevE.68.041914
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Magnetic twisting cytometry 

First demonstrated by Crick and Hughes in 1949, Magnetic Twisting Cytometry (MTC) is a 

mechanotyping method in which cells are probed by small ferromagnetic microbeads under the 

influence of an applied magnetic field.30 Here, microbeads are bound to a substrate-adhered 

cell using a ligand coating (Fig. 4c) and are then magnetised in a specific direction with a strong 

external magnetic field. A weaker magnetic field is then applied perpendicular to the 

magnetisation axis, inducing a torque on the microbeads. Analysing the angular displacement 

of the beads enables a measure of the cellular stiffness at the membrane to be extracted, 

typically in the form of a shear modulus. An advantage of MTC is the opportunity to apply 

dynamic loading at a large range of frequencies due to the minimal probe mass, allowing 

viscous storage and loss moduli to be inferred as well.31 

  

MTC has been widely implemented in analysing bulk samples, where aggregate bead rotation 

data is typically acquired by measuring changes in magnetic flux orthogonal to the “twisting” 

magnetic field.31,123,124 As bead rotation causes small linear displacements due to rolling 

motions, mechanisms have been implemented to track the displacements of individual beads, 

allowing single-cell membrane stiffness to be locally examined. Such systems measure bead 

displacement optically,69,125,126 by laser tracking32 or using confocal microscopy.127 MTC 

applied in this way has enabled detailed frequency-based analysis of the cell membrane, for 

example finding an inverse response to loading frequency in twisting amplitude for epithelial 

cells and fibroblasts.32 

  

The effective torsional stiffness of each microbead probe is strongly correlated to the contact 

area between the bead and cell membrane.123 This, however, limits the reliability of MTC-

based measurements of single-cell properties, as the adhesion area may vary significantly 

between cells.123 Estimates of the contact area can be obtained, for example by observing actin 

rings  formed at the location of bead adhesion via fluorescent microscopy.95 However, this is 

time consuming and only provides approximate results. To date MTC is also limited to use 

with cells attached to substrates, as a fixed foundation is required to balance the net torque on 

a cell under MTC analysis. Moreover, as MTC deformability results are dominated by the cell 

membrane,32 applications where the stiffness of the cytoskeleton is of interest are less suitable 

for this technique. This further limits the applicability of MTC in researching and diagnosing 

diseases for which mechanical biomarkers are related to the actin or microtubule internal 

structure of cells.128,129 

Acoustic microscopy 

Like electromagnetic waves, propagating acoustic waves experience changes in phase velocity 

and amplitude during transmission and reflection at material interfaces. These phenomena have 

been widely exploited to analyse three-dimensional topographies with the advent of 

technologies such as sonar navigation130 and medical ultrasound imaging.131 In these 

implementations of acoustic imaging, the acoustic contrast at a material boundary is related to 

the acoustic attenuation of the respective media, and the measured time delay between 
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transmission and receipt of the acoustic signal is a function of the material’s geometry and 

sound speed. 

In 1981 Hildebrand et al. reported the application of a scanning acoustic transducer to capture 

images of individual cells adhered to substrates with sub-micrometre resolution.122 Due to 

variations in density and stiffness within the cell structure, subcellular features are discernible 

as regions of varied acoustic contrast (Fig. 4d), allowing internal imaging of cell components 

in a manner analogous to X-ray imaging of the human body. Acoustic microscopy has since 

been applied to quantitatively characterize the mechanical properties of adherent cells.132–134 

Using modern signal processing techniques, Pasternak et al.132 measured the height, sound 

speed, acoustic impedance, density, bulk modulus, and the ultrasonic attenuation properties of 

MCF-7 cells at different stages in the proliferative, metaphase and apoptotic phases. The 

authors identified acoustic attenuation as a useful mechanical biomarker, finding marked 

changes in attenuation at the onset of metaphase and apoptosis. Intriguingly, the presence of 

two distinct groups within the attenuation distribution for the late apoptotic phase suggests the 

presence of previously unidentified biological processes and gives further credence to 

ultrasonic attenuation as a novel mechanical biomarker. 

To date, acoustic microscopy of cells has been applied only in scanning scenarios, where an 

entire cell is imaged, which limits practical sample sizes to hundreds of cells.132 Single-point 

measurements equivalent to static AFM indentation, which may improve the throughput of 

acoustic microscopy for single-cell mechanotyping, have not yet been demonstrated. 

Additionally, as the reported mechanical properties are sensitive to accurate focusing of the 

acoustic lens and substrate material selection,122 the technique is better suited to comparing the 

mechanical properties of subcellular features than for reporting absolute material constants. 

Mechanotyping cells suspended in fluid samples 

Optical stretching 

Optical stretchers are a group of devices that apply controlled stretching forces to small 

particles through optical radiation pressure. In this “optical tweezer” approach,135 the 

mechanism arises from the change in photon momentum and resultant surface force when 

passing light through two different refractive media.136 Consequently, optical radiation forces 

are dependent on the intensity of incident light and the refractive indices of the particle and 

medium. By adhering two such particles on either side of a cell, or by passing light directly 

through a cell, for instance, these can then be positioned in order to apply mechanical forces. 

In the case of cell stretching, these forces are typically of the order of 100 pN when constrained 

to using biocompatible optical power levels.137 

  

Manipulation of beam geometry enables the design of complex optical pressure fields.138 

Optical tweezer traps require a local minimum in an optical pressure field, which can be 

generated using two counterpropagating beams139 or a single converging beam.140 Both dual-

beam and single-beam gradient optical traps have been implemented in mechanical analysis of 
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cells. Sleep et al. utilised optical tweezers to observe plastic deformation of red blood cell 

membranes by attaching a pair of glass beads to either side of red blood cell ghosts, each of 

which was pulled in opposing directions using a single-beam gradient trap14 (Fig. 5a). The 

deformation of the cell membrane is observed under a microscope, while the displacement of 

the beads within each trap enables estimation of the stretching force. Mills et al. subsequently 

applied this method to whole red blood cells, observing nonlinear elastic and viscoelastic 

stress-strain properties.137 

 

 

 
Figure 5. Methods for optical stretch mechanotyping. (a) Plastic behaviour of a red blood cell 

ghost stretched between two single-beam gradient traps. Adapted with permission from 

Elsevier (Copyright © 1999 the Biophysical Society).14 (b) elliptical deformation of a swollen 

red blood cell with increasing laser power. Reproduced with permission from Elsevier 

(Copyright © 2001 the Biophysical Society).60 (c) Top view of a dual-beam microfluidic 

optical stretcher in operation. Adapted with permission from John Wiley and Sons (Copyright 

© 2004 Wiley-Liss, Inc.).33 (d) comparison of optical deformability of three different cell lines: 

benign MCF-10 cell, malignant MCF-7 cell and modified MCF-7 cell with enhanced metastatic 

properties. Adapted with permission from Elsevier (Copyright © 2005 the Biophysical 

Society).5 

  

Guck et al.60 built on this work, using a dual beam “optical stretcher” to exert force directly on 

the cell surface (Fig. 5b), eliminating much of the manual preparation required for the glass-

bead arrangement. They demonstrated the first application of an optical stretcher system in 

which isolated cells were trapped between two divergent laser beams, similar to the dual-beam 

traps pioneered by Ashkin et al. in 1970.139 Unlike the earlier traps, however, the optical 
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stretcher exploits the nonuniformity of the laser-induced surface normal force to achieve both 

a stable optical trap and net “stretching” force along the laser axes. 

  

Subsequent work expanded on this technology by incorporating it into a microfluidic system 

(Fig. 5c), such that individual cells could be temporarily trapped, stretched and analysed at a 

rate of approximately one cell per minute.5 This setup was used to probe the mechanical 

properties of normal and malignantly transformed mouse fibroblasts, as well as human 

epithelial breast tissue cell lines. Noting the similar refractive indices of the test cells, the 

authors utilised the observed elliptical ratio of deformed cells at a given laser power as a direct 

indicator of optical deformability, with tumour cells consistently showing higher 

deformabilities (Fig. 5d). Similar arrangements have since been used to study a range of cell 

types and pathological conditions. Remmerbach et al. used an optical stretcher to screen cells 

from oral carcinomas, finding on average a 3.5-fold increase in deformability and showing 

good agreement with standard histopathological diagnoses.7 Agrawal et al. also used an optical 

stretcher setup to probe links between erythrocyte deformability and Type 2 diabetes, finding 

a significant reduction in optical deformability in samples from patients with diabetes mellitus 

and diabetic retinopathy,10 a complication of the disease causing blindness.141 * 

  

Optical stretcher devices have proven a useful tool for their ability to process free-floating cells 

in suspension with relatively low experimental labour and good viability of cell samples.5,7 

Moreover, the precise control over the deforming force allows arbitrary strain magnitudes to 

be applied and enables probing of viscoelastic properties by studying relaxation at step-change 

loads,5,7 supporting the use of cell mechanotyping as a label-free biomarker for disease 

diagnosis.5,7,10 The throughput, however, of these experimental setups remain well below that 

required for clinical use, with most optical stretching performed on sample sizes on the order 

of 10-102 cells.5,7,10 Limitations in achievable throughput are primarily due to the significant 

creep times observed when deforming cells with weak optical forces,21 which constrains 

sequential “trap and release” operations to timescales of the order of 10 seconds.142 Attempts 

to improve throughput by deforming cells in slow flows have achieved measurement timescales 

of the order of 1 second.142,143 The limited throughput of optical stretching can be attributed 

primarily to the direct application of optical forces on the cell surface, which while convenient 

for minimising sample preparation and increasing throughput, also limits stretching forces to 

the order of 10-100 pN while maintaining cell viability. This constraint arises from the small 

refractive index difference between cells and common cell media, which dictates that large 

optical powers (of the order of 1 W) are required to generate nanonewton-scale stretching 

forces.5 The reliance of the optical stretching force on optical contrast also introduces a 

confounding factor when estimating cell stiffness, as observed differences in deformation may 

be influenced by differences in both stiffness and refractive index.  

 

Dielectrophoretic (DEP) stretching 
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Dielectrophoretic (DEP) stretching is a process in which a cell is polarised in an AC electrical 

field and deformed by the resultant dielectric interactions. DEP systems generally consist of 

one or more electrode pairs submerged in a cell suspension. Applying an AC voltage between 

the electrodes, often in the 100kHz-10MHz range, causes a nearby cell to be reversibly trapped 

to one electrode and stretched in the direction of the electrical dipole. First demonstrated in 

1984 by Engelhardt et al. using electrodes made from commercial razor blades,144 the technique 

has since been integrated into microfluidic systems using conventional microfabrication 

processes.44,46,47 DEP stretching applied in this manner has been used to study the viscoelastic 

properties of red blood cells144 and cancer cells44,47 via tuneable and time-sensitive control of 

the deforming electrical field strength. Due to similarities in the design of non-contact, 

electronically controlled force fields, DEP stretching represents a convenient and low-cost 

alternative to optical stretching.44,46,47 Whereas optical stretching techniques require large laser 

powers to generate measurable deformations,5 DEP techniques can achieve similar stretching 

forces with minimal joule heating.44–46 DEP systems also benefit from the existence of 

established photolithographic methods enabling convenient and precise fabrication of 

embedded electrodes into microfluidic chips, with superior flexibility in achievable force field 

geometries in comparison to optical stretching systems.44,46 

Accurate modelling of dielectrophoretic force fields, however, remains challenging due to the 

complex nature of the electrodynamic interaction between the cell and the electric field. 

Theoretical and numerical modelling have nevertheless enabled estimation of the equivalent 

extensional forces acting on cells in a DEP load case.46,144 However, as with optical stretching, 

precise calibration of DEP forces is hindered by the involvement of the interplay between 

dielectric properties of cell components, which are not typically well characterised and may 

vary between cells and cell types. While previous efforts have compared the results of DEP 

and comparatively weak optical stretching, direct comparison with other mechanotyping 

methods at similar strains has yet to be reported. Notably, and in contrast with literature derived 

from AFM,108 optical stretching,5 microfluidic constriction37 and hydrodynamic43 approaches, 

DEP analysis has also shown the apparent stiffness of malignant MCF-7 cells to be 

significantly greater than those of benign MCF-10A cells.44 This finding suggests the presence 

of confounding factors causing variation in the strength of DEP forces that are not present in 

other mechanotyping analyses. 

Micropipette aspiration 

As a predominant low-cost technique for probing cell biomechanics, micropipette aspiration 

devices study cell mechanical properties using a capillary (“micropipette”) smaller than the 

cell diameter. Under a controlled negative pressure, a portion of the cell’s volume is sucked 

into the constriction (Fig. 6a-b), and the protruding distance of the cell membrane (“aspiration 

length”) gives an indication of its relative deformability. 

Early implementations of this technique utilised individual micropipettes and 

micromanipulators to analyse free-floating cells and cells adhered to small beads in suspension. 

Studies observed both liquid-like34 and elastic58 behaviour using this approach. Micropipette 
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aspiration has since been applied to a wide range of cell types to assess elastic and viscoelastic 

properties, and is generally considered a gold standard for cell mechanotyping5,145 due to the 

fine control over the deforming pressure and the high spatial resolution (250 nm) of 

deformation measurements.35 A significant challenge, however, for micropipette aspiration 

devices is variability in measured stiffness results due to varied aspiration pressures and pipette 

geometries.146 Lim et al. presents an explanation for this variability, citing the order of 

magnitude difference in viscosity of the nucleus and cortex147 as a potential culprit.54 In this 

scenario, the softer cytoplasm will dominate the aspiration process at low pressures, and the 

much stiffer nucleus will only be deformed (a) if the micropipette aperture is smaller than the 

nucleus and (b) if the cell is aspirated sufficiently far into the micropipette. Published stiffness 

results reported using this method are likely confounded by the influence of these subcellular 

structures due to the simplified continuum models widely used in most analyses. 

Another limitation of traditional micropipette aspiration is its very low throughput, which 

limited to approximately 20 cells per hour.146 To address this, recent adaptations of the 

technology have integrated multiple micropipettes into a microfluidic system (Fig. 6c), 

utilising laminar fluid flow through a contorted channel to generate the aspiration 

pressure.38,148–151 This brings multiple advantages over the manual method, with significant 

improvements in throughput and autonomy, resulting in throughputs of up to 100 cells per 

hour.152 A microfluidic design allows for efficient loading of cells into multiple micropipettes 

for simultaneous measurement without the requirement for manual alignment using 

micromanipulators.149 This approach also creates a closed system, eliminating the influence of 

evaporation.38 A notable drawback of the microfluidic design, however, is that aspiration 

pressures are influenced by the trapping state of all pipettes in the array, meaning that efficient 

trapping is critical to device operation.151 
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Figure 6. Micropipette aspiration (a-c) and microfluidic constriction transit (d-f) devices. 

Micropipette aspiration of a bi-concave (a) and swollen (b) red blood cell. Reproduced with 

permission from Elsevier (Copyright © 1999 Elsevier Science Ltd.).35 (c) Simultaneous 

aspiration of single HeLa cells in a microfluidic micropipette aspiration device. Aspiration 

pressures are shown in red for each micropipette row. Reproduced with permission from Royal 

Society of Chemistry (Copyright © 2015 The Royal Society of Chemistry).149 (d) Time series 

showing entry of a single MCF-7 cell into a 10 μm microfluidic constriction. Reproduced with 

permission from Springer Nature (Copyright © 2008 Springer Science).37 (e) Transit of 

multiple HL60 cells (circled in red) through parallel 5 µm construction arrays. Reproduced 

with permission from Royal Society of Chemistry (Copyright © 2016 The Royal Society of 

Chemistry).56 (f) Comparison of RBC traversal through narrowing channels in a Human 

Erythrocyte Microchannel Analyser (HEMA) chip. Glutaraldehyde-treated (“fixed”) RBCs 

show a greater resistance to capillary deformation than control (“unfixed”) cells. Reproduced 

with permission from John Wiley and Sons (Copyright © 2020 Navmar et al.).39 

Microfluidic constrictions 

https://link.springer.com/article/10.1007/s10544-008-9262-8
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Recently, microfluidic devices have been implemented to assess cells’ ability to enter and 

traverse constrictions smaller than their diameter37–39,62,145,153 (Fig. 6d). As this process 

inherently involves large deformations, stiffer cells are more resistant to the constricting forces 

and generally take longer to squeeze into the smaller channels. An early implementation of this 

approach was performed by Hou et al. in 2009, in which a low-cost microfluidic device 

assessed entry time, transit velocity and elongation index of malignant MCF-7 and benign 

MCF-10A breast cells measured via high-frame rate image analysis.37 Using this approach, the 

authors demonstrated a significantly higher entry time for MCF-10A cells than for similarly-

sized MCF-7 cells, supporting the consensus that malignant cells generally deform more easily 

than their benign counterparts.4–6 This constriction-based approach further mimics the 

mechanism of cancer metastasis in vitro, aiming to replicate the confined geometries and 

increase in motility through vasculature that is associated with reduced cellular stiffness.89 

  

Subsequent work has aimed to improve the reliability and throughput of constriction-based 

mechanotyping systems. Arraying multiple constrictions in series, for instance, improves the 

reliability of transit-time measurements by averaging over multiple transit events, while 

parallel arrays of constriction channels enable simultaneous processing of multiple cells56 (Fig. 

6e). Recent developments in this space have integrated improved cell tracking mechanisms, 

including embedded electrode pairs for tracking cell transit via electrolytic current,62,145,153 

embedded optical fibres for camera-free optical cell tracking154 and suspended microchannel 

resonators (SMRs) to sense cell position along the length of an oscillating cantilever.155,156 

Electrolytic cell tracking systems estimate the projected area of the cell by measuring the 

increased electrolytic impedance of the microfluidic channel as the cell obscures the fluid 

volume, allowing estimation of the position along the channel and the instantaneous diameter 

of the cell. Meanwhile, SMR systems estimate the position of the centre of mass of the cell by 

analysing changes in the resonant frequency of a MEMS cantilever through which the 

microfluidic channel runs. By improving the fidelity of cell position measurements and 

eliminating the need for image analysis, these developments enable throughputs on the order 

of 10-100 cells per second.145 Furthermore, these features permit the simultaneous optics-free 

measurement of additional biophysical characteristics including cellular free diameter, 

viscoelastic recovery time145 membrane capacitance, cytoplasmic conductivity62 and cellular 

buoyant mass.155,156 

 

An inherent limitation of the approach, however, is that measurements of entry time are 

strongly coupled to cell size.94 Due to the fixed aperture of the constriction, the degree of 

deformation required for transversal is heavily dependent on the initial cell diameter and thus 

is prone to variation with population heterogeneity.56 This dependency may be partially 

accounted for by binning cells according to size when collating data37 or by processing pre-

sorted cell groups in different sized constrictions to achieve similar average deformation 

magnitudes.145 However, the relationship between cell diameter and transit time is nonlinear, 

and small variations in cell size may still result in significant measurement noise.56 

Contributing factors to this sensitivity likely include the nonlinear relationship between cell 

diameter and the constriction wall contact area, and nonlinear stress-strain behaviour in certain 

cell types.96 Consequently, a fixed constriction design is unsuitable for comparing cells of 
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dissimilar size, as different strain magnitudes may yield significant differences in the inferred 

stiffness. In addressing the significant variability in results from constriction-based techniques, 

Nyberg et al. also identified reuse of microfluidic constriction devices as a confounding factor 

due to degradation of internal channel surfaces.56 

  

There is also uncertainty as to the dominant mechanical contributor to microchannel transversal 

behaviour. Nyberg et al. reported that elastic modulus strongly governed transit time in a serial 

constriction device, with weak influences from particle viscosity and surface tension.56 

Contrastingly, analysis of red blood cells in a modified Human Erythrocyte Microchannel 

Analyser (HEMA) device157 showed that the dominant factor driving cell transversal through 

small channels was their surface area to volume ratio, rather than cell viscoelasticity39 (Fig. 

6f). This discrepancy may be due to different cell types exhibiting solid and liquid-like 

behaviour, and dominant forces varying between these instances. There is also debate as to 

whether surface friction has a significant effect on transit time measurements reported using 

these methods.37,155 Noting these uncertainties, constriction-based mechanotyping technology 

would benefit from cross-sectional study to assess the roles of relative cell size, surface 

properties and material behaviour on the variability of constriction-based stiffness 

measurements. 

Deformability Cytometry: hydrodynamic and inertial stretching 

To address the variability of constriction-based mechanotyping, a range of devices have 

recently been developed utilising fluid flow to generate deforming forces.40–43,55,57,158–162 This 

removes the requirement for contact between cells and constriction walls, and greatly reduces 

the influence of cell size and surface properties on the deformation process.94 The 

hydrodynamic mechanism varies between individual devices, which may use combinations of 

shear flow, extensional flow and inertial effects to deform cells. Broadly, these effects are 

generated via the use of intersecting microfluidic channels that induce rapid changes in flow 

direction, converging channel walls that steadily increase flow velocity, or using the natural 

shear gradient across the width of a narrow channel experiencing Poiseuille flow. In an early 

implementation of the microfluidic intersection approach, cells are rapidly decelerated at the 

stagnation point between orthogonally opposed incoming and outgoing flows while being 

stretched by a combination of inertial and hydrodynamic forces (Fig 7a).40 Termed 

“deformability cytometry,” this nomenclature has since been adopted by a variety of high-

throughput hydrodynamic mechanotyping approaches. This early implementation of the 

approach produced large cell strains at throughputs of the order of 2,000 cells per second, 

however the requirement for sequential cell deceleration, deformation and disposal dictates 

that experimental throughput is limited by inertial timescales as well as the relaxation time of 

the cell, and therefore has limited capacity for further throughput increases. Moreover, the 

experimental load case in this regime is not well understood due to the combined influences of 

fluid shear forces and inertial effects driving cell deformation. Another method utilizing a 

similar crossed-channel geometry is pinched-flow hydrodynamic stretching, which uses three 

converging inward flows to create a “hydrolumen” into which the cell is injected57,158 before 

being accelerated into a single outlet channel (Fig. 7b). Upon entry into this hydrolumen, 

transverse converging flows create a pressure gradient across the cell which can be modelled 

as a drag force acting on the opposing sides of the cell in the directions orthogonal to travel, 
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while the rapid acceleration of the cell may induce an inertial stretching component in the main 

flow axis.57 Due to the absence of sequential cell decelerations, pinched-flow stretching has 

demonstrated remarkable cell-processing throughputs of up to 65,000 cells per second, though 

challenges remain in the real-time processing of imaging data at such high throughputs. The 

pinched-flow approach has also been subject to approximate modelling of deforming forces, 

which are determined using the combination of a pressure drag force acting on the transverse 

faces of the cell due to the opposing sheath flow inlets and a viscous drag acting on the cell as 

it is accelerated by the sheath flow. However, these approximations offer only a first order 

estimate of the deforming force magnitudes, and do not fully explain the observed experimental 

results; for example, the inverse relationship between cell size and deformability.57 The inertial 

microfluidic cell stretcher (iMCS) approach presented by Deng et al. accelerates cells into 

collisions with a channel wall at a microfluidic T-junction,55 upon which cells are inertially 

compressed in the direction of travel whilst also being subjected to a combination of pressure 

drag and fluid shear forces (Fig 7c). This approach shares many disadvantages of the 

extensional flow approach first demonstrated by Gosset et al.; namely, a complex load case 

and sequentialization of cell decelerations limiting throughput; and as not been widely adopted 

since publication. However, near real-time image analysis used alongside the iMCS system 

enabled tracking of the transient effects of single doses of drugs on the deformability of cell 

populations at moderate throughputs of 100 cells per second, supporting a novel use case for  

cell mechanotyping in drug testing and development.55 

 

An alternative hydrodynamic approach that does not incorporate intersecting channels is real-

time deformability cytometry (RT-DC), which exploits fluid shear forces to deform cells into 

a characteristic “bullet” shape as they pass through a non-contact microfluidic constriction in 

the Poiseuille flow regime (Fig. 7d). A primary advantage of this arrangement over previous 

efforts is the lengthened deforming region that increases the deformation timescale for a given 

throughput, which lowers the minimal required strain rate for measurable cell deformations. 

The strain rate is further reduced via the addition of methylcellulose to the buffer solution, 

which increases the fluid viscosity and the strength of the shear forces acting on the cell at a 

given flow rate.41 The low strain rate in this regime is critical in minimising the confounding 

influence of cellular viscosity on cell deformability measurements and has enabled detailed 

analytical modelling of the hydrodynamic load case for estimation of Young’s moduli from 

RT-DC analyses.59 Furthermore, the smaller strain rates in this arrangement facilitate on-the-

fly quantitative analysis at high throughputs (hundreds of cells per second) owing to reduced 

image stack size.13,41 An alternative family of hydrodynamic mechanotyping devices 

incorporate converging hyperbolic microchannels through which cell suspensions are 

gradually accelerated as the flow cross section reduces. Here, the hyperbolic channel wall 

geometry has the unique property of generating extensional flow with constant strain in the 

direction of travel.159–163 This characteristic is advantageous in providing an idealised, uniform 

stress field over the region of observation, as the cell is subjected to a homogenous extensional 

stretching force while traversing the length of the hyperbolic region.161 Deviations from this 

theoretical homogenous force field are evidenced when analysing cell deformation across the 

length of the hyperbolic region, however as the central region generally provides 

approximately constant cell deformation these deviations are likely due to edge effects where 

the hyperbolic region transitions to a straight channel.161 In part due to the gentle nature of the 

hyperbolic extensional flow design, hyperbolic channels have been widely used to study red 
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blood cells at throughputs of the order of hundreds of cells per second, and have not yet been 

applied for the analysis of stiff tissue cells. 

 

 
Figure 7. (a) Schematic diagram and time series of an MCF-7 cell in an extensional-flow 

deformability cytometry device. Adapted from Gosset et al. under PNAS Open Access terms 

(Copyright © 2012 Gosset et al.).40 (b) Schematic diagram and time series of a 15um 

polystyrene bead and HL60 cell in a pinched-flow stretching device. Sequential electrode pairs 

for optics-free deformation measurement are visible in the experimental micrographs. Adapted 

with permission from John Wiley and Sons (Copyright © 2022 Wiley‐VCH GmbH).158 (c) Pre- 

and post-collision geometries of a single MDA-MB-231 cell in the iMCS. Adapted with 

permission from John Wiley and Sons (Copyright © 2017 John Wiley and Sons, Inc.).55 (d) 

Time series of a HL-60 cell in a fluid shear RT-DC device. Reproduced with permission from 

Springer Nature (Copyright © 2015 Nature America, Inc.).41 (e) Deformability-activated cell 

separation via hydrodynamic and inertial lift forces. Red and green annotations highlight 

individual cancer cells as they migrate away from the streams of red and white blood cells. 

Reproduced with permission from The Royal Society of Chemistry (Copyright © 2011 The 

Royal Society of Chemistry).164 

 

Deformability cytometry techniques have typically relied on high-framerate imaging and 

computational image analysis for extraction of quantitative cell deformability distributions.  

Electrical impedance-based detection methods, however, can also be used for measuring the 
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position and instantaneous diameter of cells in microfluidic constriction devices.62,145,153 

Recent hydrodynamic approaches have similarly benefitted from the integration of embedded 

electrodes for optics-free cell deformation measurements.158,160 This allows optics-free 

measurement of cell size and deformation under hydrodynamic stretching, either by separately 

measuring the deformed and undeformed cross sections158 or simultaneously measuring the 

minor and major dimensions of the deformed cell via orthogonally-oriented electrode 

pairs.160,165 These developments are critical to the accessibility of deformability cytometry as 

they eliminate the requirements for expensive high-speed imaging and data processing 

equipment. Electrical impedance methods also bring potential advances in reducing 

computational and system complexity when processing large cell datasets. 

 

While the specific deforming mechanisms differ between these hydrodynamic and inertial 

stretching techniques, they each demonstrate high throughputs and large strain magnitudes, 

produce a distribution of cell deformation measurements against cell diameter, and have 

demonstrated good cell viability.40,41,57 These characteristics make deformability cytometry 

systems promising candidates for clinical use. Tse et al. performed one of the first 

demonstrations of high-throughput clinical mechanotyping relevance, using a deformability 

cytometry mechanotyping algorithm to analyse samples from the pleural effusions of 119 

patients.166 This approach was able to diagnose cases of malignancy with 100% positive and 

negative predictive values in most of the population. Adaptations of deformability cytometry 

have since been used to perform morpho-rheological analysis of clinical diluted blood samples 

of patients with leukaemia, and has been proposed as a useful tool for diagnosing malaria.13 

 

Deformability cytometry techniques are a promising direction for further development and 

have many ideal qualities for clinical application, with practical throughputs approaching 

conventional flow cytometry.20 Vital to this is the non-contact nature of the deforming force 

field, which eliminates the influences of substrate stiffness and surface friction that confound 

cantilever indentation53 and microfluidic constriction methods.56 The use of hydrodynamic 

pressure or shear forces also reduces the dependency of strain on cell diameter by providing a 

smooth force gradient across the width of the channel, whereas constriction methods rely on 

the interference between the cell and rigid constriction walls to generate the deforming 

force.41,59,94 An overarching limitation of deformability cytometry techniques, however, is that 

the amplitude of the deforming forces is coupled to the microfluidic flow rate.40,55,167 This 

necessitates very short measurement timescales that, while desirable for increasing throughput, 

inhibit the decoupling of elastic and viscous contributions to measured stiffness.59 The reliance 

on microfluidic flow rate to generate deforming force fields also limits the ability to adjust 

strain magnitudes within a sample, and currently precludes the assessment of nonlinear or 

dynamic stiffness properties. 

Hydrodynamic lift force mechanotyping 

Whereas deformability cytometry methods observe the deformation of cells in hydrodynamic 

force fields, it is also possible to analyse cell properties via comparison of their displacements 
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due to deformability-induced variations in lift forces. This approach exploits the observation 

that deformable particles suspended in laminar flows do not strictly follow streamlines, but 

rather are influenced by a combination of inertial and lift forces that are dependent on their 

mass and stiffness, respectively.168 Briefly, the deformability-induced lift force arises from the 

shape change of an elastic particle in response to hydrodynamic stresses near channel walls in 

a flowing suspension. The deformed geometry of the particle results in a net lift force when 

moving relative to the surrounding fluid, for example due to inertial effects or the velocity 

gradient in Poiseuille flow. As the shape change is aligned to the hydrodynamic stress field the 

lift force acts perpendicular to flow direction and away from the channel walls. This effect is 

evidenced by the “tank-treading” behaviour exhibited at high shear rates, in which the cell 

membrane rotates around the cytoplasm while the ellipsoid geometry of the cell maintains a 

constant angle of inclination to the flow direction.169,170 Particles with higher deformability or 

larger diameters experience a larger contribution due to the exaggerated shape change and 

larger active surface area, respectively.171 

The deformability-induced lift force is also a contributing factor to the “cell-free layer” 

frequently observed near a channel wall in the study of blood flow through small constrictions, 

and has been proposed as a mechanism driving the shear-thinning behaviour of whole blood.170 

Faivre et al. were among the first to exploit this this phenomenon in a microfluidic chip for 

plasma separation applications.171 They also provided early analysis of the effects of particle 

size, deformability and concentration on the properties of the cell-free layer by comparing 

healthy, hardened and osmotically swollen red blood cells as well as rigid beads. They found 

that increased cell deformability consistently led to a larger cell-free layer, indicating an 

enhancement of the lift force displacing the cells from the channel wall. Due to the short length 

of the constriction employed, this approach is not effective for single-cell analysis as only the 

small proportion of cells that are near the channel walls are subjected to significant displacing 

forces. Recent work, however, has investigated the use of extended channel constrictions164 

and spiral microchannels172 to achieve inertial sorting of cells according to deformability (Fig 

7e). Here, cells migrate to an equilibrium position within the channel where combined inertial 

forces balance the deformability-induced lift force, with larger and more deformable cells 

congregating towards the channel centreline, which are then separated into different outlets 

according to their position within the channel. 
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The convolution of size and deformability-driven displacements, however, is an inherent 

limitation to this approach. As the mechanisms driving the deformability-induced lift force are 

highly nonlinear and not well characterised, manually accounting for the influence of particle 

size and density to estimate particle stiffness is challenging. Consequently, hydrodynamic lift 

force mechanotyping has found most utility in cell sorting applications, where quantitative 

single-cell stiffness measurements are not required. An exception to this trend was recently 

demonstrated by Maremonti et al., who applied an unsupervised machine learning model to 

estimate single-cell deformability from the complex dynamic motions of cells in flow.76 To 

date this approach has shown proof of concept by identifying the presence of artificial 

cytoskeletal destabilisation, though work remains to assess its potential for repeatable 

quantitative deformability measurements. 

Acoustofluidic techniques 

  

Whereas hydrodynamic approaches generate forces via shear stresses in continuous flow, 

acoustofluidic devices utilise acoustic radiation forces to manipulate cells. Here, particles in 

suspension experience time-averaged forces when subjected to acoustic waves due to nonlinear 

terms in the Navier-Stokes equations.173  Surface Acoustic Wave (SAW) and Bulk Acoustic 

Wave (BAW) devices exploiting this phenomenon have been applied extensively for cell 

positioning and sorting in microfluidic devices. More recently, acoustic radiation forces have 

been used to displace or deform suspended cells, giving insight into cellular biophysical 

properties.50,52,174 

  

When the acoustic wavelength is much larger than a particle, acoustic pressure gradients are 

roughly uniform at the cell scale, and the net acoustic radiation force exerted on the particle 

can be calculated.175  This acoustic radiation force is dependent on the acoustic field intensity, 

position of the particle relative to an acoustic node, the sound speed in the fluid and the acoustic 

contrast between the particle and fluid materials.175 In this small-particle regime, the trajectory 

of a cell in a displacing acoustic field is related to its density and compressibility.174,176,177 Here, 

we refer to these devices as “acoustofluidic displacement” mechanotyping technologies. 

Conversely, when acoustic wavelengths are of a similar size as cell diameter, acoustic pressure 

gradients can vary significantly across the cell surface. The resultant radiation pressure acting 

on a cell is thus nonuniform and can produce visible deformations, provided sufficiently large 

acoustic amplitudes are used.49 A developing range of “acoustofluidic deformation” 

mechanotyping devices leverage this effect to assess the viscoelastic properties of 

cells.51,52,178,179 
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Figure 8. (a) Experimental trajectory of a 10 µm polystyrene bead in a phase-modulated surface 

acoustic wave device. Reproduced with permission from AIP Publishing (Copyright © 2020 

AIP publishing).150 (b) Schematic representation of the iso-acoustic focussing (IAF) 

mechanism. The blue gradient visualizes varying acoustic impedance (Zmed) throughout the 

fluid medium. Cells with a given acoustic impedance (Zcell) migrate to positions of zero 

acoustic contrast where Zcell = Zmed. Reproduced from Augustsson et al. under CC BY 4.0 

license (Copyright © 2016 Augustsson et al.).176 (c) Acoustofluidic deformations of a swollen 

red blood cell in a resonant glass capillary. Reproduced with permission from AIP Publishing 

(Copyright © 2014 AIP Publishing).49 (d) Acoustofluidic deformation of a bi-concave red 

blood cell with increasing acoustic power. Reproduced from Link & Franke under CC-BY-NC 

3.0 license (Copyright © 2020 Link & Franke).52 

Acoustofluidic displacement 

Acoustofluidic displacement technologies examine cell trajectories in acoustic fields to 

determine the strength of the acoustic radiation force acting on each cell. Biophysical 

information can then be inferred by exploiting the dependency of the acoustic radiation force 

on intrinsic cell properties including density and bulk modulus. To generate these trajectories, 

cells are first placed at distance away from nodal positions in a stationary acoustic field. This 

can be achieved by injecting cells near the wall of a microfluidic channel with a half-

wavelength resonance condition50,174 or by shifting the nodes of a SAW field by phase 

modulation.150,177 Analysing the response of cells in either scenario gives an indication of their 
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acoustic contrast in the fluid medium, which can be employed as a comparative biomarker174 

or used to estimate intrinsic properties such as cellular bulk modulus.177 

  

Acoustic displacement devices are unique in that displacement measurements are coupled to 

bulk stiffness, whereas alternative mechanotyping methods measure uniaxial or shear 

deformation to estimate elastic moduli. The fidelity of this approach, however, is often impeded 

by the coupling of the net acoustophoretic force on confounding factors, such as cell density 

and volume.174 Augustsson et al. reported a novel approach to address this limitation, in which 

the acoustic impedance of the suspension medium is spatially varied by chemically altering the 

fluid buffer to achieve size-independent measurements of cellular acoustic impedance.176 Here, 

“iso-acoustic focusing” utilises iodixanol, a chemical known to alter the acoustic properties of 

fluids, to create a stable acoustic impedance gradient in the cell culture medium, with the 

maximal impedance occurring in the centre of the channel176,180 (Fig. 8b). Cells located 

arbitrarily in the channel then migrate to a position of equilibrium where their acoustic 

impedance equals that of the fluid, termed their “iso-acoustic point”. This effectively eliminates 

the influence of cell volume, addressing a primary reliability issue encountered by Zhao et 

al.174 and Wu et al.177 

 

While acoustofluidic displacement methods provide a convenient, low-cost method of probing 

cell mechanical properties, further work is required to assess the suitability of acoustic contrast 

as a mechanical biomarker. Variations in acoustic impedance (or inferred bulk stiffness) due 

to artificially induced fixation range from 5-40%, based on a limited number of studies 

performed with this approach,150,176,181,182 though less is known about acoustic impedance 

variations for pathological alteration at a single-cell level. Meanwhile, prior studies probing 

the uniaxial or shear deformation of cells using other methods have demonstrated changes of 

3.5-10 fold7,33,109,129 with pathological state. While these figures do not provide a direct 

comparison, they suggest a difference in the sensitivity of bulk and elastic moduli to 

cytoskeletal alteration, with greater changes in elastic moduli in disease states. Moreover, using 

acoustic contrast to calculate bulk moduli often relies on the assumption of literature values for 

cell density,150,183 which are not widely reported in literature for most cell types. Measurements 

of bulk modulus obtained using this approach may only be reported within the bounds of the 

significant uncertainty in these values. Recent work has endeavoured to address this issue using 

in-situ measurement of cell density to improve the accuracy of bulk modulus 

measurements.184,185 These methods estimate cell density by analysing the sedimentation 

velocity of cells in suspension. However, the weak influence of cell mass makes these 

measurements challenging,185 and this approach has not been widely adopted outside of these 

studies. 
 

Acoustofluidic deformation 

Acoustofluidic deformation devices deform cells in suspension by generating large spatial 

acoustic pressure gradients. Here, deformations are coupled to uniaxial stiffness, which is 

approximately seven orders of magnitude larger than bulk compressibility150 and can produce 

visible strains under microscope analysis.49,52,179 Mishra et al. first demonstrated the 
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deformation of osmotically swollen red blood cells in a resonant glass capillary49 (Fig. 8c). 

Cells were swollen to a spherical state to eliminate the influence of orientation on the apparent 

deformation. This limits the applicability of this approach for mechanotyping applications, as 

the swelling process has confounding effects on measured elastic moduli.35,186 Acoustofluidic 

deformation of unswollen red blood cells was first presented by Link & Frank, who described 

a device capable of simultaneously trapping, orienting and deforming bi-concave red blood 

cells. The device, denoted the “acoustic erythrocytometer,” exploits acoustic diffraction at 

channel walls to generate a two-dimensional, grid-like pattern of acoustic pressure minima. 

This acoustic field has the ability to trap cells from continuous flow and induce incremental 

deformations by varying acoustic power (Fig. 8d). Time-sensitive manipulation of acoustic 

fields also enables the probing of viscous effects, however, considerable uncertainty in the 

relaxation time measurements limits the significance of these results.52 An alternative method 

of acoustically deforming cells exploits acoustic streaming around a suspended gas bubble in 

a microfluidic chip.187 Here, difficulties in modelling the complex acoustophoretic interaction 

between the bubble and the surrounding cells challenge its use for quantitative analysis, as 

acoustic streaming field acting on a cell may be significantly altered by the presence of a 

neighbouring cell. The most heavily researched tool for contactless acoustic cell deformation 

is the single-beam acoustic tweezer (SBAT). First demonstrated theoretically in 2005,188 and 

practically in 2009,189 SBAT approaches exploit negative acoustic contrast between a particle 

and its medium or Rayleigh scattering phenomena such that a suspended particle is pulled 

towards the focal point of an acoustic beam. Noting that cells trapped in the Rayleigh regime 

also experience compression in the direction of beam propagation, later studies applied this 

technique for the characterisation of cell deformability by analysing the projected area of a 

trapped cell in the plane perpendicular to the compression.77,178,179,190 SBAT devices applied in 

this way have been used to study cancer cells, finding similar trends of increasing deformability 

with invasiveness as other techniques,178,179 while also supporting a novel use case for targeted 

cancer cell destruction using high acoustic powers.178 Recent advances in SBAT technology 

include calibration of deforming forces via comparative micropipette aspiration 

measurements178 and the application of a deep learning model to automatically estimate 

nonlinear elastic moduli of live cells.77 Collectively, acoustofluidic deformation 

mechanotyping techniques have been applied to red blood cells,49,52 breast cancer cells,77,178 

acute lymphoblastic leukemia cells190 and select tissue cells.187 . However, each of these studies 

were restricted to measurement timescales on the order of one minute per cell, and further work 

is required to prove its efficacy in a high-throughput regime. Nevertheless, demonstrations of 

fine, time-sensitive control over deforming forces and the suggested scalability to high 

throughputs49,52 highlight the technique as a promising contact-free mechanotyping method for 

clinical use.  

 

Machine learning techniques for single-cell mechanotyping 

The potential for machine learning techniques to advance single-cell mechanotyping 

technology has recently been proposed, namely as a complimentary data analysis tool utilizing 

any number of cell deformation techniques, 76–79,191,192 or as a standalone system capable of 

estimating cell deformability via associated morphological features, free from any form of 
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mechanical probing.80 Such machine learning approaches offer a methodology for 

characterising intrinsic cell stiffness properties, which is otherwise complicated owing to the 

complex biophysical nature and interplay between cellular components, as well as difficulties 

in calibration and standardization of mechanotyping load cases. Machine learning tools are 

thus useful in characterising mechanical phenotypes where the relationship between cell 

stiffness and raw experimental data is nonlinear, noisy or otherwise complex. Machine learning 

algorithms applied in this manner have accordingly been trained to classify mechanotypes 

using complex cell trajectories under deformability-induced lift forces,76 laser diffraction 

patterns under fluid shear forces,79 optical images from RT-DC analysis191 and acoustofluidic 

deformation forces.77,192 

 

The potential for machine learning techniques to identify mechanical characteristics from 

optical analysis alone has also been investigated.80 Here, a convolutional neural network was 

trained on brightfield images of single cells, with reference deformability data generated using 

a microfluidic “ratchet” constriction device. While the model demonstrated effective prediction 

of RBC deformability measured using the microfluidic device, the authors do not propose 

candidate deformability-associated optical markers driving their model. Further investigation 

is thus required to assess the robustness of these predictions, particularly in discounting the 

influence of correlated factors such as cell size. This is especially pertinent given that 

microfluidic constriction technologies (such as the device used to train the model) have widely 

demonstrated strong correlation between observed deformability and cell diameter.56,94 The 

validity of such an approach would thus be greatly supported by comparing model predictions 

with additional mechanotyping techniques, e.g. AFM indentation or deformability cytometry. 

 

Mechanical models 

Having introduced various mechanotyping techniques, here we compare these in Table 1, as 

well as the mathematical models that are used to relate experimental observations to 

quantified mechanical properties in Table 2.  

 

Table 1. Comparison of current mechanotyping techniques 

 Method Cell sample Probed domain Measured 

variable 

Inferred mechanical 

properties 

Clinical 

demonstration 

Reported  

throughput 

Cantilever 

indentation 

Substrate-

adhered 

Whole cell, 

Cell surface 

Probe 

displacement 

Young’s modulus,64,84 

Storage / loss moduli25 

Yes6,26,84 20 minute-1 112 

Magnetic 

twisting 

cytometry 

Substrate-

adhered 

Cell surface Probe angular 

displacement 

Storage/loss 

moduli31,32,68,69 

No 100 hour-1 32 

Acoustic 

Microscopy 

Substrate-

adhered 

Whole cell, 

subcellular 

components 

Acoustic 

impedance 

Sound speed,132,133 

Acoustic 

impedance,122,132,133 

Density,132,133 

Bulk modulus,132,133 

No 10 hour-1 133 
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Acoustic 

attenuation132,133 

Optical 

stretching 

Suspension Whole cell Aspect ratio Young’s modulus60 No 1 min-1 5 

DEP Stretching Suspension Whole cell Aspect ratio  No 1 min-1 47,48 

Micropipette 

aspiration 

Suspension Whole cell, 

Cell surface 

Aspect ratio Young’s modulus,35,58 

Cortical tension34 

No 1 s-1 149 

Microchannel 

constriction 

Suspension Whole cell Transit time Young’s modulus*,148 

Cortical tension62 

Yes193 500 s-1 194 

Deformability 

cytometry 

Suspension Whole cell Aspect ratio Young’s modulus59 Yes13,166 65,000 s-1 57 

Hydrodynamic 

lift force 

mechanotyping 

Suspension Whole cell Cell 

displacement 

N/A No 22,000 min-1 
164 

Acoustofluidic 

displacement 

Suspension Whole cell Cell 

displacement 

Acoustic impedance,176 

Bulk 

compressibility150,177 

No 1000 s-1 174 

Acoustofluidic 

deformation 

Suspension Whole cell Aspect ratio, 

Relaxation 

time 

Young’s modulus77 ** No 1 min-1 52 

*Estimated via comparison with finite element modelling (FEM) 

**Estimated via comparison with calibrated hydrogel samples 
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Table 2. Comparison of common theoretical models for mechanotyping applications 

Material model Independent 

material 

parameters 

Applied models Applied to Conditions of validity 

Linear elastic 

solid 

Young’s 

modulus, 𝐸 

Poisson ratio, 𝑣 

Hertz model66 

 

Cantilever 

indentation6,8,9,101–103 

 

Small indentations 

Probe size << cell radius 

Probe placement near cell centre 

Low strain rates 

Elastic half space 

model58 

Micropipette aspiration58 Small aspiration depth 

Aperture << cell radius 

Aspiration depth < aperture 

Negligible viscousity 

Mietke et al.59 Real-time deformability 

cytometry59 

Negligible cell viscosity 

 

Guck et al.60 Optical stretching60 Small deformations (<10% strain) 

Linear 

viscoelastic 

solid 

Viscoelastic 

moduli, 𝑘1, 𝑘2 

Dynamic 

viscosity, 𝜇 

Viscoelastic 

Hertz model 

Cantilever indentation27,104 Small indentations 

Probe size << cell radius 

Probe placement near cell centre 

Viscoelastic half 

space model67 

Micropipette aspiration61 Small aspiration depth 

Aperture << cell radius 

Aspiration depth < aperture 

Liquid drop Cortical tension, 

𝑇𝑐, 

(Dynamic 

viscosity, 𝜇) 

Cortical-shell 

liquid core 

model34 

Optical stretching 

Micropipette 

aspiration34,35,100 

Microfluidic constriction62 

Small displacements 

Negligible influence of cellular 

substructure 

Structural 

damping 

Storage modulus, 

𝐺’(𝜔) 

Loss modulus, 

𝐺’′(𝜔) 

Poisson ratio, 𝑣 

Power-Law Hertz 

model25 

Cantilever indentation25 

 

Small indentations 

Probe size << cell radius 

Probe placement near cell centre 

Power-law bead 

contact model68 

Magnetic twisting 

cytometry31,68,69 

Small displacements 

Contact patch accurately known 

Hyperelastic 

(Mooney-Rivlin, 

two parameter) 

MR constants, 

𝐶10, 𝐶01 

Bulk modulus, 𝐾 

FEM comparison Cantilever indentation98  

Hyperelastic 

(Neo-Hookean) 

Lamé 

parameters, 𝜆, 𝜇 

FEM comparison Cantilever indentation195,196 

Microfluidic constriction148 

Deformability cytometry196 

 

Acoustophoretic 

displacement 

Bulk 

compressibility, 

𝛽 

Large-

wavelength 

acoustophoretic 

model175 

Acoustofluidic 

displacement50,63,150,174 

Cell volume and density 

accurately known 

Acoustic field intensity accurately 

calibrated 

Simplified mechanical models drive variability in reported 

stiffness measurements 

Having examined different cell-scale mechanotyping approaches, it is important to note that 

appropriate theoretical models are required to translate any observed deformations into 
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quantified mechanical properties. Whereas relatively simple mechanical models are relatively 

easy to implement, it is commonly reported that measurements of cell stiffness vary with 

loading conditions, including strain magnitude and direction98,99,137,147,197 strain rate,25,31,69,95 

probe size95 and probe location.53,97 A more comprehensive model of cell mechanics would 

capture these dependencies, and thus consistently describe the mechanical response of a given 

cell under a range of relevant load cases. However, the bulk of stiffness measurements reported 

in mechanotyping studies utilise simplified linear elastic,6,9,18,58,109,149,150 viscoelastic4,25,27,67 or 

Newtonian liquid drop14,19,34,36 models, each of which neglect many of the aforementioned 

factors. Here, we provide a brief summary of these and some alternative models, listed in Table 

2, and state the assumptions that govern their applicability to various loading scenarios. 

Linear elastic models 

In cases where strains are sufficiently small, infinitesimal strain theory permits the 

assumption that the original and deformed coordinate systems are approximately identical, 

enabling linearisation of the stress-strain relationship. This is characterised by the Hooke’s 

Law relationship 𝜏𝑖𝑗 = 𝐺𝑖𝑗𝛾𝑖𝑗, where 𝜏𝑖𝑗 is the shear stress, 𝐺𝑖𝑗, is the shear modulus and 

𝛾𝑖𝑗 the shear strain in a particular direction given by 𝑖𝑗. Often, the isotropic form of this 

model is used and may be given in the form 𝜎 = 𝐸𝜀, where 𝜎 denotes uniaxial stress, 𝜀 

uniaxial strain and the Young’s modulus 𝐸 =  2(1 + 𝑣)𝐺 for 𝑣 the Poisson ratio.54 Stiff 

cells or cells undergoing small deformations are often modelled as homogenous elastic 

solids under this regime, often with the assumption of incompressibility (𝜈 → 0.5). 

 

Common implementations of this theory include the Hertz66 and Sneddon198 models widely 

used to estimate Young’s modulus from cell indentation measurements, which 

approximate the cell-probe interaction as the indentation of an elastic infinite half space by 

a rigid cylinder, pyramid, cone or paraboloid.199 Table 3 summarises common analytical 

force-displacement relationships for each of these model variants using linear Hertzian 

analysis, expressed in terms of Young’s modulus, for a given indentation depth 𝛿. Here, 𝑅 

is the radius of the cylindrical punch, 𝛼 is the angle from vertical of the conical or pyramidal 

faces, and 𝑘 determines the curvature of the parabolic revolved surface. These 

approximations become inaccurate (a) at large strains (where nonlinear material behaviour 

and variations in the contact area become significant),98 and (b) with misalignment between 

the probe and cell centre, which causes deviation from the theoretical contact geometry.53 

The assumption of perfectly elastic behaviour also neglects viscous losses, and thus is only 

valid at low strain rates.54 
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Table 3. Force-displacement relations for common Hertzian models 

Probe Square pyramid200 Cone198 Cylindrical 

punch198 

Paraboloid198 

Force 
𝐹 =

1.4906 𝑡𝑎𝑛 𝛼

2(1 − 𝑣2)
 𝐸 𝛿2 𝐹 =

2 𝑡𝑎𝑛 𝛼

𝜋(1 − 𝑣2)
 𝐸 𝛿2 𝐹 =

2𝑅

1 − 𝑣2
 𝐸 𝛿 𝐹 =

4√2𝑘

3(1 − 𝑣2)
𝐸 𝛿3/2 

 

Micropipette aspiration analysis of stiff cells often employs the elastic half-space model, 

which treats the aspirated portion of the cell as an elastic spherical cap and the portion 

outside of the micropipette as an infinite elastic volume, yielding the following 

relationship58 

 

                  𝛥𝑃 =
2𝜋

3
𝐸

𝐿𝑃

𝑅𝑃
𝜙                  (1) 

 

where 𝛥𝑃 is the aspiration pressure, 𝐸 is the effective Young’s modulus of the cell, 𝐿𝑃 is 

the protruding length of the spherical cap into the micropipette, 𝑅𝑃 is the micropipette 

radius and 𝜙 is a geometric constant. This analysis effectively neglects any boundary 

effects outside the micropipette under the assumption that the initial diameter of the cell is 

significantly larger than the micropipette aperture.58 However, this simplification loses 

validity when comparatively large micropipettes are used or where significant aspiration 

of the cell reduces the excluded volume of the cell. 

 

An alternative analytical model presented by Mietke et al. combines solid elastic theory 

with the Stokes equation to solve for the deformed geometries of cells undergoing 

deformability cytometry.59 Using a first-order perturbation expansion of the stress field 

acting on the cell surface under Poiseuille flow (i.e. neglecting the influence of the 

deformed cell shape on the surrounding flow field), the model accurately predicts the 

characteristic “bullet” shape of cells passing through the non-contact constriction, as well 

as the relationship between cell diameter and deformation magnitude for a given channel 

radius. While the model presents good agreement with AFM results for agar calibration 

samples, reported cellular Young’s modulus values are an order of magnitude higher than 

corresponding AFM measurements. The authors attribute this discrepancy to the short 

timescale of deformability cytometry measurements in comparison to AFM, which implies 

that the assumption of steady-state conditions and neglection of cellular viscosity may not 

be valid at the high strain rates for the HL60 cells used in that study. 

Viscoelastic and structural damping models 

Variations of the elastic model combine viscous damping effects with linear elastic theory. 

The linear viscoelastic model permits characterisation of stress relaxation and creep 

behaviour by introducing a time-dependant term in the linear elastic constitutive equation67 

 

𝜏𝑖𝑗 +
𝜇

𝑘2
𝜏̇𝑖𝑗 = 𝑘1𝛾𝑖𝑗  + 𝜇 (1 +

𝑘1

𝑘2
) 𝛾̇𝑖𝑗    (2) 
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where 𝑘1 and 𝑘2 are elastic moduli (approximately equivalent to shear moduli) and 𝜇 

represents the strength of the viscoelastic damping component. In this regime, the 

characteristic time for relaxation or creep behaviour under transient loading is given by 

 

𝜏 = 𝜇
𝑘1+𝑘2

𝑘1𝑘2
 .            (3) 

 

The structural damping model, meanwhile, treats stress and strain as complex quantities, 

enabling characterisation of the phase relationship between oscillatory stress and strain 

under frequency-based loading.201 The mechanical response of the cell is captured in the 

complex shear modulus 𝐺 ∗ = 𝐺’ + 𝑖𝐺’′, where the storage modulus, 𝐺’, and loss modulus, 

𝐺’’, are associated with elastic deformation and viscous damping respectively. Studies have 

repeatedly found that 𝐺 ∗ varies with oscillation frequency, 𝜔, according to a weak 

power-law relationship.25,31,69,110 

 

The viscoelastic and structural damping material models have both been integrated into 

Hertzian and bead-contact models for cell mechanotyping analysis. To date, these models 

have been measured using frequency-based AFM25 and MTC31,68,69 analysis to characterise 

the dependence of observed stiffness on the rate or frequency of applied strain. Both the 

viscoelastic and structural damping models share the same limitations as elastic models in 

neglecting material and nonlinearity and variation in contact geometry during loading, and 

consequently their validity is limited to small deformations.  

The Newtonian liquid-drop model 

Soft cells or cells dominated by membrane stiffness (for example, neutrophils and red 

blood cells) are commonly modelled as liquid drops.34,35,39 The liquid drop model 

characterises a cell’s stiffness by its resistance to changes in surface area, reporting a 

cortical tension (equivalent to the surface tension of a liquid droplet) to characterise its 

stiffness. This cortical tension was calculated by Evans and Yeung by measuring the 

critical pressure at which a liquid-like cell was sucked completely into the pipette, and 

applying the Young-Laplace equation34 

𝛥𝑃𝑐 = 2𝑇𝑐  (
1

𝑅𝑃
−

1

𝑅𝐶
)       (4) 

 

where 𝛥𝑃𝑐 is the applied pressure differential, 𝑇𝑐 is the cortical tension and 𝑅𝑃 and 𝑅𝐶 are 

the radii of the micropipette and cell respectively. Often, the viscosity of the theoretical 

fluid is included in analysis for characterisation of the dynamic response during relaxation 

or creep events.35 The liquid drop model inherently neglects any internal cytoskeletal 

contributions, and therefore acts as a limiting case for cells with a low influence of actin, 

microtubule or other sub-cellular structures. 

 

Hyperelastic models 
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Whereas the linear elastic material model is governed by the assumption of infinitesimal 

strains, hyperelastic models treat the undeformed and deformed geometries as two separate 

coordinate systems and derive the stress-strain relationship from a strain energy density 

function under the finite strain theory. This approach gives the unique ability to model 

large strains and geometric nonlinearity in materials that maintain elasticity at large 

deformations.202,203 Recent work supports the application of hyperelastic models in 

characterising the stress-strain properties of cells, where they have demonstrated agreement 

over wider experimental strain ranges than linear elastic theory. The neo-Hookean model 

characterises the elastic response of a material using the Lamé parameters 𝜆 and 𝜇, where 

𝜇 is equivalent to the linear elastic shear modulus 𝐺 and 𝜆 relates to bulk stiffness according 

to 𝐾 = 𝜆 +
2

3
𝜇. Despite having only two-independant material parameters, the neo-

Hookean model can maintain validity at large strains for some materials.98 The three-

parameter Mooney-Rivlin model gives a more general solution in which the parameters 

𝐶10 and 𝐶01 define the slope and curvature of the shear stress-strain curve and 𝐾 is the bulk 

modulus. To date, hyperelastic modelling has only been applied to cells via comparison 

with finite element solutions.98,148,195,196 

Acoustophoretic model 

Acoustofluidic displacement mechanotyping techniques are unique in that they do not 

directly observe cell deformation, instead inferring biophysical information from the 

displacement interaction between a cell and an acoustic field. In cases where this approach 

is used to estimate intrinsic mechanical properties, an accurate model of the 

acoustophoretic force is required. For a small particle in a 1D standing acoustic field in 

aligned in the x-axis, the net acoustophoretic force is given by175,164 

 

     𝐹𝑦 =
−1

2𝜆
𝜋 𝑝2𝑉𝑝 𝛽𝑚 𝜙(𝛽, 𝜌) 𝑠𝑖𝑛(2𝑘𝑦)        (5) 

   𝜙(𝛽, 𝜌) =
5𝜌𝑝−2𝜌𝑚

2𝜌𝑝+𝜌𝑚
−

𝛽𝑝

𝛽𝑚
             (6) 

 

where 𝜆 is the wavelength, 𝑝 the acoustic pressure amplitude, 𝑉𝑝 is the volume of the cell, 

𝛽
𝑝,𝑚

 are the compressibilities of the cell and medium respectively, 𝜌𝑝,𝑚 are the densities 

of the cell and medium, respectively, 𝑘 is the acoustic wavenumber and 𝑥 is the 

displacement from the nearest acoustic node in the 𝑥-direction. 

  

Combining this model with linear elastic theory enables estimation of the bulk  

compressibility of a whole cell, however this requires calibration of the acoustic field 

intensity, estimation of cell volume, generally approximated from cell diameter, and 

assumption of literature values for fluid sound speed and cell density. The resultant 

uncertainty, combined with the comparatively small influence of cytoskeletal alteration on 

bulk modulus,7,84,150 limits the suitability of resulting bulk stiffness as a mechanical 

biomarker. 
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Discussion 
Proposed applications for single-cell mechanotyping in literature can be broadly classified into 

two groups, namely; research studies aimed at probing previously unseen mechanical responses 

in cells, for example with age, disease or the presence of novel therapeutics; and technologies 

targeting widespread use in clinical environments, where stiffness biomarkers may be 

leveraged to screen for or diagnose diseases with minimal invasiveness. The distinction 

between these two applications is significant as each application brings different technical 

requirements. In the research environment, standardisation of results remains a significant 

barrier to widespread use of mechanotyping data, where presently reported cell stiffness values 

vary significantly with the use of alternative mechanotyping techniques.95 We highlight a 

general overreliance on simplified mechanical theory as a shortcoming of previous work, 

particularly in cases where only a small portion of the complete stress-strain relationship is 

experimentally observed, for example with stiff cells modelled as elastic or viscoelastic solids. 

 

Meanwhile, a clinically useful mechanotyping device should ideally be able to survey a liquid 

biopsy, generate a distribution of stiffness properties for the sample population, and then output 

a predictive metric for a disease state with minimal human input. Here, the primary challenge 

lies in improving the robustness of single-cell stiffness measurements such that the output 

provides a meaningful indicator, whilst maintaining levels of automation and speed sufficient 

for processing clinically relevant sample sizes. Here, the most promising technologies are 

based on deformability cytometry approaches, which combine non-contact force fields in 

microfluidic flow with high-speed imaging to achieve high throughputs. Current limitations 

and potential avenues for further work are discussed below. 

 

Mechanical model choice is critical 

Surveying the limitations of prevalent mechanotyping models, it is apparent that each is limited 

to a subset of experimental conditions, and becomes increasingly inaccurate with the 

confounding influences of nonlinear material stiffness,98 geometric nonlinearity,97,204 viscous 

effects59,95 or cellular heterogeneity.53,97 Consequently, commonly reported cell stiffness 

properties such as Young’s modulus and cortical tension have limited significance without a 

detailed understanding of the experimental setup and specific loading scenario used in each 

experiment. The significant variation in reported stiffness values for commonly studied cell 

types is likely due, in part, to difficulties in maintaining appropriate experimental conditions 

for the corresponding theoretical models.95 The mechanism driving this variability is two-fold; 

firstly, finite error is introduced with any deviation from the idealised theoretical load case, and 

acceptable limits for this deviation are not always maintained. Secondly, limiting experimental 

setups to the range of loading scenarios where a simplified model is valid often involves 

sampling a small subset of the available data, which may exclude the range in which 

mechanical markers of interest are clearly discernible. This also increases the influence of 

experimental noise, for limiting the measurement range to small strains (and therefore small 

applied forces) increases the relative strength of confounding factors such as adhesion, 

subcellular heterogeneity, electrostatic interaction and surface tension.97,204,205 
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Cellular mechanotyping would therefore benefit from the widespread application of more 

complete mathematical models that characterise cellular properties over a greater range of 

loading scenarios. In the case of stiff, elastic cells, this may be achieved by abandoning 

infinitesimal deformation theory in favour of the finite deformation regime. Using a 

hyperelastic Mooney-Rivlin model, Muller et al. recently demonstrated dramatically increased 

accuracy over Hertzian analysis for large-strain cantilever indentation of mouse fibroblasts.98 

However, the complexity of large-strain indentation models currently precludes widespread 

application to mechanotyping experiments in a manner equivalent to Hertzian analysis, and 

work to date has relied on manual curve fitting with finite element simulation results. A 

significant obstacle here is the calculation of the instantaneous contact area, which at large 

deformations is highly nonlinear and varies with the probe shape, depth of indentation, and the 

relative sizes of the cell and probe.205 This problem can be partially simplified by treating the 

cell as a flat, infinite half space and the probe as a sphere, or vice versa; in either case, the 

contact area becomes dependent only on the depth of indentation relative to the spherical 

radius. The former approximation has limited utility when attempting to model large cell 

deformations, as indentations are limited to be of the order of probe size, which is assumed to 

be much smaller than the cell radius. However, where whole-cell stiffness is of interest and 

cells are approximately spherical, the use of flat probes may permit analytical modelling of 

large cell compressions with increased accuracy. At the time of publication, analytical models 

have been reported for large indentations in hyperelastic half-space materials using spherical 

probes,204–206 however no analytical model has been reported for flat-probe compression of 

hyperelastic spheres. 

 

The confounding influence of cellular heterogeneity on observed stiffness properties is more 

challenging, as cellular substructures vary significantly between cell types. However, this 

effect may be minimised in two ways, namely by focusing on whole-cell stiffness 

measurements, which effectively “average” subcellular stiffness fluctuations, or with models 

that incorporate generalised subcellular components, for example the compound liquid 

drop147,207 or biphasic29,54 models. As well as the application of the detailed constitutive theory, 

developing more complete descriptions of cellular mechanophenotypes requires advanced 

experimental apparatus capable of assessing cellular stiffness under multiple loading 

conditions. Technologies for conveniently probing individual cell stiffness at a range of strain 

magnitudes, strain rates and length scales will be valuable in informing new models of 

increased complexity, and quantifying the dependence of instantaneous cell stiffness on these 

factors. This will be crucial in developing a standardised framework for comparing intrinsic 

cell stiffness properties between multiple laboratories or experimental setups. Future work 

should investigate possible avenues for measuring complex cell stiffness in this manner. 

Non-contact deformations are critical for high-throughput mechanotyping 

Microfluidic approaches are advantageous for high-throughput mechanotyping and have 

demonstrated three orders of magnitude increase in measurement rate over alternative 

methods.40 While microfluidic constriction methods suffer significant measurement variability 

due to the strong dependence of strain magnitude on cell diameter and the varying influence of 
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surface friction, hydrodynamic and inertial methods have emerged as promising alternatives 

by eliminating contact with constriction walls. As well as eliminating the confounding 

influence of surface friction and viscous fluid drainage stresses208 on observed stiffness, non-

contact force fields permit the design of smooth pressure gradients over the surface of the cell. 

When compared to the applied force acting on a cell in a rigid-walled channel, stiffness 

measurements made using such force fields offer much lower sensitivity to differences in cell 

diameter when analysing polydisperse cell populations.41 The elongated deforming region in 

some deformability cytometry approaches also enables deformation to occur over a larger 

timespan than the imaging period, allowing the cell to relax into its deformed state and 

minimising the influence of viscoelastic creep on throughput.41 Perhaps due to these 

advantages, deformability cytometry is one of few high-throughput mechanotyping methods 

that have progressed to clinical application, where it has demonstrated rapid disease screening 

using liquid biopsies.13,166 

 

Table 4. Reported single-cell relaxation/creep times  

Relaxation/creep time (approx.) Cell type Measured by 

100ms – 1s MDCK cells AFM indentation209 

400ms MG63 cells Cytoindentation 

200ms J77 cells MTC210 

200ms Red blood cell Optical stretching137 

8s MCF-7 cell Optical stretching95 

50ms Red blood cell Acoustofluidic 

deformation52 

3ms HL60 cells Deformability cytometry211 

  

An inherent limitation of current deformability cytometry approaches, however, is that the 

deforming forces are coupled to the microfluidic flow rate. This complicates the measurement 

of stiff cells, as large forces (and hence large microfluidic flow rates) are required to produce 

measurable deformations, necessitating the use of high-speed imaging equipment and complex 

image analysis algorithms.41 Furthermore, the requirement for high microfluidic flow rates 

complicates the separation of elastic and viscous properties of cells when estimating their 

intrinsic mechanical properties. Reported viscous time constants for commonly studied cell 

types are highly variable, however they generally fall in the range from 10 ms to 1 s. Table 4 

gives some characteristic relaxation or creep times for a range of mechanotyping technologies 

and cell types. In the case of deformability cytometry, artificially increasing the viscosity of 

the buffer solution, for example by adding methylcellulose,41,59,212,213 allows strain rates to be 

reduced to the order of 103 s-1 while maintaining large cell deformations.213 However, this is 

still an order of magnitude faster than the cellular relaxation timescales measured with other 

mechanotyping methods, suggesting that viscous contributions may still influence observed 

deformability under deformability cytometry analysis. Further evidence for this conclusion is 

found in analytical modelling performed by Mietke et al., which overestimated the stiffnesses 

of HL-60 cells undergoing real-time deformability cytometry by an order of magnitude whilst 

accurately predicting the Young’s modulus of hydrogel calibration particles in comparison to 

AFM. This suggests that, despite the aforementioned efforts to reduce strain rate, the deformed 

cell geometries were dominated by viscous relaxation rather than elastic modulus.59 While this 



38 
 

may be addressed by increasing the length of the deforming channel, other studies aiming to 

analyse stiffer cells, or study cell deformation in more detail, may encounter practical 

limitations arising from the required microfluidic flow velocities. The relationship between 

deforming force and flow rate also constrains cells within a heterogeneous population to be 

measured under identical conditions and precludes the measurement of individual cell stiffness 

at multiple strain magnitudes. Here we accordingly highlight the potential to combine the 

continuous-flow design of deformability devices with other non-contact cell probing methods 

that allow on-the-fly adjustment of force amplitude, for example optical, dielectrophoretic or 

acoustofluidic deformation. Previously, constraints in the geometries of optical radiation force 

fields have restricted such devices to operation at low flow rates, limiting throughputs to three 

orders of magnitude less than those achieved via deformability cytometry.129,130 This limitation 

derives from the comparatively small stretching region achievable by the dual-beam design, 

combined with the finite timescale required to achieve stable deformation due to viscoelastic 

creep.143 Further investigation is warranted to discern if a similar approach may be applied 

utilising acoustofluidic deformation, which has demonstrated enhanced flexibility in the design 

of force field geometries214 and permits high-throughputs,52,215 but to date has only 

demonstrated on stationary trapped cells. 

Conclusion 

Cell mechanotyping research has seen considerable growth in the last decade, particularly in 

the development of systems with increased automation and throughput for processing large cell 

samples. However, fundamental limitations in each of the prevalent mechanotyping 

technologies challenge the use of mechanotyping data in theoretical cell models and the 

widespread adoption of mechanotyping devices in clinical applications. Higher-precision 

methods including AFM and micropipette aspiration, for instance, are fundamentally limited 

in throughput and automation, while a lack of standardisation in loading parameters using these 

techniques has limited the ability to compare results. While approaches leveraging microfluidic 

constriction contact bring advantages in throughput and cost, the strong influences of cell 

diameter and surface friction leads to large variability in indicative stiffness measurements, 

even for a given cell type. Meanwhile, other high throughput techniques such as deformability 

cytometry extract limited detail in their measurements of cell deformability. Furthermore, a 

general overreliance on simplified mathematical models in much of the published work, which 

either fail to accurately capture experimental loading scenarios or limit analysis to a small 

portion of experimental datasets, also contributes to the large variability generally reported in 

reported cell stiffness values. 

 

In progressing the state-of-the-art of single-cell mechanotyping, we highlight two promising 

avenues for further development. Firstly, in addressing the lack of standardisation of cell 

stiffness measurements in literature, future work should focus on developing robust, automated 

approaches for fitting more complex and physically relevant models to mechanotyping 

experiments. This may include shifting away from infinitesimal deformation theory, which 

narrows the scope of prevalent force-displacement analysis methods. Here we acknowledge 
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the interdependency between mechanotyping technology and corresponding theoretical 

models, and the potential to design novel experimental devices that facilitate convenient 

application of complex mechanical theory rather than developing theoretical models around 

pre-existing apparatuses. Such considerations may include the use of flat probes for cell 

compression experiments, which set the minimum feature size of the system to the cell 

diameter and allow accurate modelling of cell-scale deformations. Moreover, future work 

should investigate the application of multi-point stiffness measurements and highly 

parameterised models, with the goal of capturing more mechanical information from each cell. 

 

Noting the strengths of real-time deformability cytometry as an automated and high-throughput 

cell analysis system, further investigation into microfluidic systems in which non-contact force 

fields are decoupled from the microfluidic flow rate is warranted, such that the strength of the 

deforming forces are independent of the motion of individual cells. While high throughputs are 

generally favoured for clinical applications, current analysis rates on the order of 1,000 cells 

per second complicates the separation of elastic and viscous contributions to cell deformation. 

Candidate non-contact probing technologies include optical stretching, acoustofluidic 

deformation and DEP stretching, each of which have demonstrated utility in mechanically 

probing cells, but have yet to be implemented at high throughputs (>1 cells/s). The additional 

ability to modulate deforming forces on-the-fly, if feasible in a high-throughput scenario, might 

enable the characterisation of nonlinear stiffness and viscoelastic properties in large cell 

samples, improving the clustering efficiency of a screening device by adding additional detail 

to each cell measurement. While the field continues to evolve, cell stiffness measurements 

nevertheless have the potential to become a useful indicator of cell state and a valuable tool in 

the study of disease and disease treatment, especially if high-throughput approaches yielding 

detailed biophysical information can be brought to bear.  
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